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Introduction  
DNA encodes genetic information through the sequence 

of the four DNA bases (guanine, adenine, cytosine, and 
thymine). Although DNA is a highly stable molecule, each 
DNA base is occasionally oxidized by an encounter with 
environmental agents, such as UV-light or free radicals 
(1-15). The oxidation potentials for guanine, adenine, 
cytosine, and thymine are 1.29, 1.42, 1.6, and 1.7 V, 
respectively (16). Guanine is thus the base most easily 
damaged by one-electron oxidation, and several oxidation 
products are known (1-15). If left uncorrected when the 
DNA is replicated, some guanine oxidation products 
would likely lead to a genetic mutation in the daughter 
DNA chain. 

A guanine in contiguous guanine sequences, such 
as GG and GGG, have lower oxidation potentials than 
single guanine, and thus a contiguous guanine is more 
easily oxidized. Contiguous guanine sequences appear in 
many important genomic regions, such as telomeres and 
the promoter element of the proto-oncogene c-myc (17-
22). Several experimental approaches indicate that the 
5’ side of contiguous GG sequences in double-stranded 
DNA is more easily oxidized than the 3’ side (23-39). This 
common pattern of site-specific oxidations using various 
oxidizers (23-39) likely originates from the common 
chemical properties of DNA bases themselves, but not 

from the chemical properties of oxidizers. Therefore, 
DNA without oxidizers can be calculated.

This review focuses on the localization of the highest 
occupied molecular orbital (HOMO) of guanine, 
and guanine oxidations are discussed in relation to 
computational approaches.

Double-stranded DNA
As mentioned above, the 5’ side of GG steps is more 

easily oxidized than the 3’ side in double-stranded DNA 
(23-39). This site-specific guanine oxidation has been 
extensively investigated using computational approaches 
to explain the correlation between site-specific oxidation 
and double-stranded DNA structure.

Colson et al. calculated monomeric nucleobase 
pairs and showed that the Koopmans’ theorem values 
(the HOMO energy of the neutral DNA base) closely 
resembled the experimental vertical ionization potentials 
(40). Sugiyama and Saito also calculated the HOMO of 
the stacked nucleobase pairs in double-stranded DNA 
(41). The calculated HOMO energies were: 7.75 eV (G), 
7.28 eV (GG), 7.07 eV (GGG), and 6.98 eV (GGGG), and 
HOMO energies decreased with increasing numbers of 
stacked guanines (41). In addition, the HOMO energies 
of dinucleotide base pairs in double-stranded DNA were: 
6.73 eV (GG), 7.00 eV (CG), 7.01 eV (GA), 7.06 eV 
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ABSTRACT
Each DNA base in an organism is occasionally damaged by UV-light or other oxidizers. Guanine is the most easily 

damaged base, and contiguous guanine sites, such as GG, GGG, and GGGG, are more easily oxidized than single 
guanine. In this review, we describe how highest occupied molecular orbital (HOMO) localizations are involved in 
guanine oxidation. In double-stranded DNA, the 5’ side of GG steps is more easily oxidized than the 3’ side because the 
HOMO is localized at the 5’ side of GG. In human telomeric quadruplex DNA, the HOMO is localized on the 5’-guanine 
and this 5’-guanine is oxidized. In contrast, tetrahymena and oxytricha telomeric quadruplex DNA are oxidized at their 
3’-guanines. Based on the results of calculations, the oxidation of 3’-guanines is due to the likely presence of a 5’-capping 
cation and/or the dimeric structure.

Key words: Highest occupied molecular orbital (HOMO), Guanine oxidation, Double-stranded DNA, Quadruplex DNA



– 2 –

(AG), 7.12 eV (TG), 7.23 eV (GT), and 7.33 eV (GC). 
Of these dinucleotide base pairs, GG has the lowest 
HOMO energy. There are several reported examples 
showing experimentally that guanine in contiguous 
guanine sequences in double-stranded DNA is more easily 
oxidized than single guanine, consistent with HOMO 
energy calculations (42-50).

Interestingly, approximately 70% of the HOMO is 
localized on the 5’-G of GG in the double-stranded 
DNA model shown in Fig. 1 (26,41,51,52). There are 
several reports that the 5’-guanine in contiguous guanine 
sequences, such as GG and GGG, in double-stranded 
DNA is more easily oxidized than other guanines (15,23-
28), and the calculated HOMO of GGGG is in agreement 
with experimental results (53).

Site-specific oxidation thus depends on the localization 
of the HOMO and can be explained as follows. Since the 
HOMO is localized at the 5’-guanine of stacked GG in 
double-stranded DNA, the 5’-guanine is the most electron-
donating site (26,41,51,52), allowing its facile oxidation to 
a guanine radical cation (G•+). Several oxidation products 
can be formed from G•+ (1-15). The above-described 
localization of HOMO is consistent with experimental 
results for guanine oxidation in double-stranded DNA. 
Several other computational properties also are consistent 
with computational approaches using HOMO localization 
(29-39,54-59).

The localization of HOMO is likely induced by the 
geometries of stacked base pairs in double-stranded DNA. 
The HOMOs of stacked GGs with different twist angles 
were calculated (41). Typical twist angles for B-form DNA 
are between -45° and -25° and in this range, the HOMO 
is predominantly localized on the 5’-guanine. When 
the range of twist angles is between -25° and -18°, the 
HOMO is also predominantly localized on the 5’-guanine. 
In contrast, the HOMO is distributed equally on the two 
guanines when the range is between -18° and 18°. If the 
twist angle is above 18°, the HOMO is localized on the 
3’-guanine.

N7 of the 3’-guanine is located just below the six-
membered ring of the 5’- guanine in B-form double-
stranded DNA (Fig. 2a) and thus the negative charge 
stabilizes a cation located in the 5’-guanine of a GG stack. 
Foote et al. proposed that this negative charge results in 
localization of the HOMO (60).

The HOMO localization of GG with complementary 

bases in A-form double-stranded DNA was calculated 
(41) and provided HOMO localizations very similar to 
that of the B-form double-stranded geometry. In A-form 
double-stranded DNA, N7 of the 3’-guanine is also 
located directly below the six-membered ring of the 
5’-guanine, as in B-form double-stranded DNA. These 
similar geometries likely contribute to the observed nearly 
identical HOMO localizations in A-form and B-form 
double-stranded DNA.

Taken together, these results show that the distribution 
of HOMO largely depends on the stacking geometries of 
bases, suggesting that guanine oxidation in other DNA 
structures likely differs from that in double-stranded DNA 
due to differences in geometry.

Quadruplex DNA
As described above, guanine in contiguous guanine 

sequences is easily oxidized. Guanine-rich sequences can 
fold into quadruplex structures in the presence of metal 
cations (17-20). This section describes the influence of 
quadruplex structures on the reactivity of guanine.

Human telomeric quadruplex DNA (d(TAGGGT)4T) 
was oxidized and the products identified (61). Oxidation 
occurred mainly on the 5’-guanines, consistent with 
experimental results obtained for double-stranded DNA 
(61). N7 of the 3’-guanine in (d(TAGGGT)4T) is located 
below the six-membered ring of the 5’-guanine (Fig. 
2b), similar to double-stranded DNA (Fig. 2a). HOMO 
localization of quadruplex DNA containing two potassium 
ions (d(TAGGGT)4T+2K+) was calculated at the B3LYP/6-
31G* level and showed that the HOMO is predominantly 
localized on the 5’-guanine (61,62), compatible with the 
observed experimental selectivity in quadruplex DNA 
(d(TAGGGT)4T). Similarly, a guanine-rich region of the 
NEIL3 promoter can form a quadruplex structure, and the 
5’-guanines and the unfolded guanines in the loop regions 
oxidize preferentially (63).

In contrast, experiments showed that tetrahymena and 
oxytricha telomeric quadruplex DNA (d(TGGGGT)4) are 
oxidized at the 3’-guanine (64). The HOMO localization 
of d(TGGGGT)4+3K+ was determined computationally 
(PDB: 1S45) and found to mainly localize in the 5’-guanine 
(Fig. 3a), in contrast to the observed experimental data.

The reported crystallographic structures of 
d(TGGGGT)4 (PDB: 1S45, 2GW0, and 204F) all have 

Fig. 1 HOMO localization on a 5’-G of GG step in double-
stranded DNA. The geometry was constructed using Maestro 
12.4 (Schrödinger), and all the sugar backbones were removed. 
The calculation of HOMO was performed at the B3LYP/6-31G* 
level utilizing Gaussian 03. The HOMO was visualized using 
Molekel 5.4.0.8.

Fig. 2 Top view of arranged DNA with two stacked guanines:  5’ 
(black, top), 3’ (gray, bottom). N7 of the 3’-guanine is located 
just below the six-membered ring of the 5’- guanine in (a) B-form 
double-stranded DNA and (b) quadruplex DNA.
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a “5’-capping” cation. Calculations were thus conducted 
for d(TGGGGT)4+4K+ (Fig. 3b), which has a 5’-capping 
cation attached to d(TGGGGT)4+3K+ (Fig. 3a) (62). 
Interestingly, the HOMO shifted from the 5’-guanine to the 
3’-guanine (Fig. 3), explaining the observed experimental 
data. 

Negative mode electrospray ionization-mass 
spectrometry (ESI-MS) of d(TGGGGT)4 provided a main 
peak corresponding to d(TGGGGT)4+3K+. The relative 
intensities of this main peak to other ions were 0.81 for 
d(TGGGGT)4+4K+, 0.29 for d(TGGGGT)4+5K+, and 
0.18 for d(TGGGGT)4+6K+ (64). Intensity decreases of 
these peaks at a constant rate should provide a relative 
intensity for d(TGGGGT)4+4K+ of 0.55 instead of 0.81. 
Therefore, d(TGGGGT)4+4K+ has a prominent peak 
height, suggesting the presence of d(TGGGGT)4+4K+. 
Assuming that d(TGGGGT)4+4K+ is the main product, the 
calculation result is in agreement with the experimental 
result. However, the applied high voltage and/or 
heated inert dry gas used in ESI-MS appears to convert 
d(TGGGGT)4+4K+ to d(TGGGGT)4+3K+. Taken together, 
these results indicate that HOMO localization depends on 
both the DNA stacking geometry and the locations and 
number of metal ion cations.

The influence of cations on HOMO localization 
was determined by removing one cation from 
d(TGGGGT)4+4K+ and calculating the HOMO (62). The 
first, second, third, and fourth G-quartet planes from the 
5’-end were defined as the G1, G2, G3, and G4 planes, 
respectively. When a cation between the G3 and G4 
planes was removed, the HOMO was located at the G4 
plane (Fig. 4a). Figure 4b shows that the HOMO shifted 
at the G3 plane in the quadruplex structure when there 
was no cation between the G3 and G2 planes. Figure 4c 
shows that the HOMO was shifted at the G2 plane in the 
quadruplex structure lacking a cation between the G2 
and G1 planes. Similarly, when two or three cations were 
removed, the HOMO shifted to the G-quartet plane lacking 

both neighboring cations (62). Collectively, localization 
of the HOMO at the G-quartet plane located immediately 
adjacent to the cation is generally disfavored.

Crystallographic data (PDB: 1S45, 2GW0, and 2O4F) 
support the dimeric structure and formation of the dimeric 
quadruplex structure (d(TGGGGT)8 + 7K+) was proposed 
(14). The 5’-capping cation may attach to d(TGGGGT)4 
+ 3K+, then another quadruplex (d(TGGGGT)4) may 
stack at the 5’-end across a 5’-capping cation and form 
a dimeric structure (Fig. 5). Interestingly, the HOMO of 
this dimeric quadruplex structure (d(TGGGGT)8+7K+) 
is also localized on the 3’-guanine (Fig. 5). However, 
d(TGGGGT)8+7K+ (Fig. 5) has not been detected by ESI-
MS, suggesting that this structure is unstable in water, and 
may be degraded by the applied high voltage and/or heated 
inert dry gas. However, the calculated HOMO localization 
is consistent with the experimental results for quadruplex 
DNA oxidations, suggesting that d(TGGGGT)8+7K+ is 
stably maintained in solution.

Conclusion
HOMO localizations are closely associated with the 

site-specificities of guanine oxidation in various DNA 
structures. In double-stranded DNA, the 5’ side of GG 
steps is more easily oxidized than the 3’ side, and the 
HOMO is localized at the 5’ side of GG. Calculated 
HOMO energies are consistent with experimental vertical 
ionization potentials, and the HOMO is mainly localized 
on the base with the lowest ionization potential. N7 of the 
3’-guanine is located just below the six-membered ring of 
the 5’-guanine in both B-form and A-form double-stranded 
DNA, and only this stacking geometry can result in 
HOMO localization. The calculated HOMO of quadruplex 
DNA indicates site-specificities of guanine oxidation, 
with 5’-guanines being mainly oxidized in d(TAGGGT)4T 
and the HOMO being predominantly localized on the 
5’-guanine. In contrast, 3’-guanine is mainly oxidized 
in d(TGGGGT)4, and the HOMO is localized at the 
3’-guanine in the quadruplex structure with a 5’-capping 
cation (d(TGGGGT)4+4K+) or in the dimeric quadruplex 
structure (d(TGGGGT)8+7K+). HOMO localization thus 
depends both on the DNA stacking geometry and the 
locations and number of metal ion cations.

This review discussed guanine oxidation in relation to 
computational approaches for HOMO localization. The 
reactivity of each local structure in cells can be predicted 

Fig. 3 The HOMO localization of d(TGGGGT)4. The G-quartet 
plane and cations are shown as squares and circles. (a) 
d(TGGGGT)4+3K+ model. (b) d(TGGGGT)4+4K+ model; The 
5’-capping cation is attached to the d(TGGGGT)4+3K+ model. 

Fig. 4 The influence of cations on the HOMO. The G-quartet 
plane and cations are shown as squares and circles. One cation 
has been removed between (a) G3 and G4, (b) G2 and G3, (c) 
G1 and G2. 

Fig. 5 The HOMO localization of the 5’-5’ stacked dimeric 
structure. The G-quartet plane and cations are shown as squares 
and circles.
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from HOMO localization, allowing computational 
approaches to be applied to various intracellular DNA 
structures to explain the relationship between reactivity 
and DNA structure in vivo.
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INTRODUCTION
Photothermal conversion is an important application 

of photophysical processes for medical uses such as 
photothermal therapy [1,2].  The temperature in a 
biological environment is important data for evaluating 
photothermal conversion and photothermal therapy.  
Various nanomaterials have been studied for evaluating 
the cellular temperature [3].  For example, cationic 
fluorescent polymers can indicate the temperature 
in vivo by the changing fluorescence intensity [4-6].  
Although the temperature of small materials, i.e., the 
molecular temperature, is a difficult concept [7], the local 
temperature of biomacromolecules such as proteins may 
be used to evaluate the activity of the light absorber for 
photothermal conversion.  The purpose of this study is to 
apply the intrinsic fluorescence of protein to estimate the 
local temperature.  In general, the fluorescence intensity 
of molecules depends on the temperature, and the intrinsic 
fluorescence of amino acid residue in protein depends 
on the local microenvironment [8].  In this study, human 

serum albumin (HSA) was used as a model protein.  The 
X-ray structure and amino acid sequence of HSA have 
been clarified, and HSA has one tryptophan residue [9], 
which can emit relatively strong fluorescence [10].  Since 
tryptophan residue of HSA, the fluorophore, is one, it 
is expected that the local temperature can be simply 
evaluated.  The fluorescence of tryptophan depends on the 
environment of surroundings [11-13].  It was reported that 
tryptophan fluorescence is varied by the quenching through 
electron transfer from the indole ring to the amide group 
or to the hydrogen bonds of the surrounding water [14].  
The fluorescence lifetime of tryptophan R-form rotamer is 
longer than that of B-form rotamer and their values depend 
on the temperature [15].  Therefore, the fluorescence 
intensity of tryptophan of HSA is considered to be 
varied by the microenvironmental condition depending 
on the temperature.  Fluorescent dye is considered to 
be useful as a light absorber, because fluorescent dyes 
barely induce oxidative damage to biomacromolecules.  
Thus, rhodamine-110 (RH-110, Fig. 1), a fluorescent 
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ABSTRACT
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enhancement of the nonradiative transition of the photoexcited state of tryptophan, and the activation energy of this 
process could be roughly estimated.  The relationship between the fluorescence intensity and temperature was used as 
the calibration curve to estimate the local temperature of human serum albumin.  Rhodamin-110, a fluorescent dye, and 
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tryptophan residue was decreased by photoirradiation with the dye, and the local temperature of human serum albumin 
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molecule, was used as the light absorber.  RH-110 cannot 
induce DNA damage [16], and its photosensitized singlet 
oxygen production activity is also negligibly small [17].  
In addition, a gold nanoparticle, which absorbs light 
through the surface plasmon resonance, resulting in the 
photothermal conversion [18], was also used as a light 
absorber.

EXPERIMENTAL
RH110 and HSA were purchased from Sigma-Aldrich 

Co. LLC. (St. Louis, MO, USA).  Sodium phosphate 
buffer (0.1 M, pH 7.6) was from Nacalai Tesque, Inc. 
(Kyoto, Japan).  Polyvinylpyrrolidone K 30 (PVP) was 
from Tokyo Chemical Industry Co., Ltd. (Tokyo Japan).  
Tryptophan and tyrosine were from FUJIFILM Wako Pure 
Chemical Co., Ltd. (Osaka, Japan).  These chemical agents 
were used as received.  PVP-protected gold nanoparticles 
(Au-PVP, average diameter: 10 nm) were prepared by 
previous report [19].  The sample solution containing HSA 
and RH-110 or Au-PVP in a 10 mM sodium phosphate 
buffer (pH 7.6) was irradiated with a light emitting diode 
(LED, 4.0 mW cm−2, CCS Inc., Kyoto, Japan).  A blue 
LED (λmax= 468 nm) and a green LED (λmax= 519 nm) 
were used for RH-110 and Au-PVP, respectively.  The 
absorption spectra of samples were measured with the 
UV-VIS spectrophotometer UV-1650PC (Shimadzu, 
Kyoto, Japan).  The fluorescence spectra of samples were 
measured with an F-4500 fluorescence spectrophotometer 
(Hitachi, Tokyo, Japan).  The fluorescence intensity 
of HSA at 350 nm was measured with a fluorescence 
photometer 650-60 (Hitachi).  The fluorescence lifetime 
(τf), which equals the singlet excited-state (S1) lifetime, 
of HSA was measured with a Fluorescence Lifetime 
System TemPro (HORIBA, Kyoto, Japan).  The excitation 
wavelength for the fluorescence measurements was 294 
nm.  To evaluate the enzyme activity, a sample solution 
containing tyrosinase (Sigma-Aldrich Co. LLC.) and 
RH-110 was irradiated with the blue LED for 2 hours, as 
previously reported [20].  After irradiation, tyrosine was 
added, and the samples were held at 37 ℃ for 1 hour.  
The enzymatic activity of tyrosinase was evaluated by 
measuring the absorption spectrum of oxidized tyrosine.

RESULTS AND DISCUSSION
The absorption spectrum of tryptophan (Fig. 2A) in a 10 

mM sodium phosphate buffer (pH 7.6) was independent 
of the temperature, whereas the fluorescence intensity 
of tryptophan decreased with an increase in temperature 
(Fig. 2B).  Relevantly, it was reported that τf of tryptophan 
decreased with an increase in temperature in the range of 
9.1 ~ 74.6 ºC [11].  In general, the fluorescence quantum 
yield (Φ) is expressed using the rate constants of radiative 
transition (kr) and nonradiative transition (knr) [21]; and the 
knr can be estimated using the following equation:

	 knr = ( 1
Φ
− 1) kr			   (1).

The kr is the same as the rate constant of the fluorescence 
process (kf).  It was reported that the kf of tryptophan is 
temperature independent [11].  The kf could be calculated 
by the following equation:

	 kr = kf = Φ0

0
			   (2),

where Φ0 (0.14) [22] and τ0 are the fluorescence quantum 
yield under the standard condition (298 K) and that of τf, 
respectively.  The average τf value (τf

Av) was calculated 
from the observed τf of tryptophan (2.79 ns (τ1), 90% (a1); 
7.21 ns (τ2), 10% (a2)) using the following equation:

	 τfAv = ∑ (i = 1, 2…)		  (3).

The obtained value (3.23 ns) was used for the τ0 in the 
equation (2).  The Arrhenius plot using the knr and the 

Fig. 1 The structure of RH-110 (left), and its absorption and 
fluorescence spectra (right). The presented fluorescence intensity 
is an arbitrary unit.

Fig. 2 The absorption and fluorescence spectra of tryptophan 
(A). The sample solution contained 100 μM (absorption) or 50 
μM tryptophan in a 10 mM sodium phosphate buffer (pH 7.6). 
The excitation wavelength for fluorescence measurement was 
279 nm. The fluorescence intensity of 50 μM tryptophan under 
the indicated temperature (B). The Arrhenius plot of the knr (C). 
The Arrhenius equation, Ln knr = -Ea/RT + Ln A, where R is the 
gas constant and A is the preexponential factor, was used. The 
presented fluorescence intensity is an arbitrary unit.
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absolute temperature of the solution (T) demonstrated 
that the activation energy of the nonradiative transition 
(Ea) is 9.3 kJ mol-1 (Fig. 2C).  The observed value was 
comparable to that of cyanine dyes (8.8 and 14.2 kJ mol-1) 
in an aqueous solution [23], and was smaller than that 
of other organic molecules in nonpolar solvents (around 
20~30 kJ mol-1) [24].  The reported Ea value for the 
nonradiative transition in the triplet excited state (T1) of 
tryptophan under low temperature (44.2 kJ mol-1, 170~200 
K, in a 3:1 (v/v) glycerol/water mixture) [25] is larger than 
the presented Ea value in the S1 of tryptophan.

Similar to the case of tryptophan, the absorption spectrum 
of HSA (Fig. 3A) was barely affected by temperature, 
whereas the fluorescence intensity of tryptophan residue 
was decreased reversibly with an increase in temperature 
(Fig. 3B).  These results could be explained by the fact 
that the relaxation process of the photoexcited tryptophan 
residue of HSA is enhanced by the temperature rise.  It 
was reported that the degree of HSA folding was found 
to be kept from 1.0 at 298 K to ~0.7 at 353 K [26].  In 
this study, the linear relationship between the fluorescence 
intensity and temperature was observed in the range 
of 283 ~ 353 K.  Furthermore, the activation energy of 
HSA unfolding increases significantly in the presence of 
binding molecule [27].  Therefore, it is considered that 
the effect of HSA denaturation is negligibly small in this 
experimental condition.  This linear relationship between 
the fluorescence intensity at 350 nm and the temperature 
was used as the calibration curve to estimate the local 
temperature of protein.  Similar to the case of tryptophan 
solution, the knr of HSA was estimated using the Φ0 

(0.11) [28] and τ0 of tryptophan residue in HSA.  The τ0 
of HSA (5.61 ns) was calculated from the observed τf of 
tryptophan residue in HSA (7.99 ns (τ1), 48% (a1); 3.81 ns 
(τ2), 45% (a2); 0.93 ns (τ3), 7% (a3)) using the equation (3).  
The Ea value of HSA estimated from the Arrhenius plot 
(Fig. 3C, 5.6 kJ mol-1) was smaller than that of the above-
mentioned free tryptophan.  These findings suggest that 
the nonradiative transition of tryptophan in a condensed 
phase such as protein is more sensitive than that of the 
solution condition.  The observed Ea value is smaller than 
that of the nonradiative transition in the T1 of HSA (22.4 
kJ mol-1, 170~200 K, in 3:1 (v/v) glycerol/water mixture) 
[25].

RH-110 absorbs visible light (450~500 nm) and emits 
strong fluorescence at around 520 nm (Fig. 1).  HSA 
cannot be photoexcited by visible light.  Photoirradiation 
with the blue LED did not affect the fluorescence intensity 
of HSA.  The fluorescence intensity of tryptophan residue 
in HSA was gradually decreased by photoirradiation 
with RH-110 (Fig. 4A).  Because RH-110 does not 
induce the photooxidation of biomolecules [16], the 
observed results can be explained by the thermal effect.  
The absorption spectrum of RH-110 at around 500 nm, 
which is not absorbed by HSA, was slightly increased 
and shifted by the addition of HSA, suggesting a static 
association between RH-110 and HSA (data not shown).  
Relevantly, it has been reported that phenothiazine dyes, 
similar size cationic dyes as RH-110, bind to HSA through 
hydrophobic interaction and the absorption spectral 
change of dyes through the interaction with HSA is 
small [29].  It is speculated that hydrophobic interaction 
between RH-110 and HSA is the main binding force.  The 
τf of HSA was slightly decreased by RH-110.  The extent 
of decreased τf by RH-110 is comparable to the case of 
a cationic porphyrin, which binds on the surface of HSA 
[30].  Analysis by the Förster resonance energy transfer 
(FRET) method [31] showed that the average distance 
between RH-110 and the tryptophan residue of HSA is 
38–48 Å.  Since the average diameter of HSA is about 
80 Å [32], these experimental results suggest that RH-
110 molecules bind to the HSA surface.  These findings 
suggest that photoirradiated RH-110 binding to the HSA 
surface converts the photoenergy to heat, leading to the 
decrease of the fluorescence intensity of HSA.  Using 
the above-mentioned calibration curve (Fig. 3B), the 
temperature rise (ΔT) was calculated (Fig. 4C).  The rate 
of the ΔT (RΔT) was estimated from the initial time profile 
of the ΔT (Fig. 4C), and the obtained value was 1.0 K min-1 
in this experimental condition.

The thermal inactivation of tyrosinase by RH-110 
with visible light irradiation was evaluated.  Tyrosinase 
catalyzes the oxidation of tyrosine to DOPA-quinone 
[33].  This enzyme activity can be examined by UV-
VIS absorption measurement of the formed quinones, as 
previously reported [20].  The typical absorption spectrum 
was observed after the incubation of tyrosine in the 
presence of tyrosinase at around 500 nm.  The tyrosine 

Fig. 3 The absorption and fluorescence spectra of HSA (A). 
The sample solution contained 10 μM HSA in a 10 mM 
sodium phosphate buffer (pH 7.6). The excitation wavelength 
for fluorescence measurement was 298 nm. The fluorescence 
intensity of HSA under the indicated temperature (B). The 
Arrhenius plot for the knr (C). The Arrhenius equation is presented 
in the legend of Fig. 2. The presented fluorescence intensity is an 
arbitrary unit.
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oxidation activity of tyrosinase was completely inactivated 
(less than the noise level) by photoirradiation with RH-110 
in this experimental condition (Table 1).  RH-110 itself 
without photoirradiation did not inactivate the tyrosinase 
activity.  The tyrosinase activity irradiated without RH-
110 decreased to 50% of the untreated tyrosinase.  These 
results suggest that the photoirradiation itself induces the 
inactivation of tyrosinase in this experimental condition, 
and the irradiated RH-110 can greatly inactivate tyrosinase 
via photothermal conversion.

The photothermal effect of a gold nanoparticle was also 
evaluated qualitatively using the intrinsic fluorescence of 
HSA.  PVP, a neutral water-soluble polymer, was used 
as a protective colloid of gold nanoparticle.  Because 
PVP can stabilize the metal nanoparticles including 
gold nanoparticle [34,35], PVP is expected to prevent an 
aggregation of gold nanoparticle through an interaction 
with protein.  Photoirradiation with Au-PVP decreased 
the fluorescence intensity of the tryptophan residue of 
HSA (Fig. 4B).  In general, a metal nanoparticle is larger 
than organic dyes, and its size is comparable to that of 
protein [19,36].  Therefore, the evaluation of the binding 
interaction between a metal nanoparticle and protein 
is difficult.  The estimated RΔT was 0.14 K min-1 in this 
experimental condition (Fig. 4C).  These obtained values 
were corrected by the mass of light absorbers (RH-110 and 
Au-PVP) and the number of photons absorbed by these 
light absorbers, which was estimated from the overlap 

between the absorption spectrum of the light absorber and 
the emission spectrum of the LED (Table 2).  Because the 
association ratio of these light absorbers is unclear, the listed 
values are qualitative characteristics of these materials for 
photothermal conversion.  The relatively small value for 
the RΔT per mass in the case of Au-PVP is due to that gold 

Table 1  Thermal inactivation of tyrosinase by RH-110 with visible light irradiation

Condition Photoirradiation RH-110 Catalytic reaction rate / μmol min-1

Control 1 - - 1.00

Control 2 - + 1.09

Control 3 + - 0.50

Test sample + + ~ 0

The sample solution containing 5 μM RH-110 and 10 units of tyrosinase in a 10 mM sodium phosphate 
buffer (pH 7.6) was irradiated with a blue LED (λmax = 468 nm, 4.0 mWcm-2, 2 hours). One unit of 
tyrosinase can oxidize 1.7 nmol tyrosine per min.

Table 2 The rate and efficiency of photothermal conversion by RH-110 and Au-PVP

Light absorbaer RH-110 Au-PVP

RΔT / K min-1 1.0 0.14

RΔT per mass / K min-1 mg-1 460 12

ΔT per absorbed photons / K µmol-1 2.9 18

EPTC / K nJ-1 * 11 72

The sample solution containing 5 μM HSA and 5 μM RH-110 or 50 μM (atomic concentration of gold) 
Au-PVP in a 10 mM sodium phosphate buffer (pH 7.6) was irradiated with an LED (λmax = 468 nm or 
519 nm, 4.0 mWcm-2). *: EPTC = (ΔT per absorbed photons) ÷ (h c NA/λ), where h is the Plank constant, 
c is light velocity, NA is the Avogadro constant, and λ is the wavelenght of irradiated light (468 nm or 
519 nm).

Fig. 4 Fluorescence intensity of HSA photoirradiated with RH-
110 (A) or Au-PVP (B). The sample solution contained 10 μM 
HSA and 5 μM RH-110 or 50 μM (atomic concentration of gold) 
Au-PVP in a 10 mM sodium phosphate buffer (pH 7.6) was 
irradiated with an LED (λmax = 468 nm (RH-110) or 519 nm (Au-
PVP), 4.0 mWcm-2). The ΔT was calculated using the calibration 
curve (Fig. 3B).
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nanoparticle is a relatively heavy material.  The absorption 
photons per mass of high density material becomes 
smaller than that of the low density material.  The larger 
values for ΔT per absorbed photons and the efficiency of 
photothermal conversion (EPTC, Table 2) in the case of Au-
PVP suggest that the photothermal conversion effect by 
the surface plasmon resonance of gold is relatively large, 
whereas most photoexcitation energy of RH-110 is used 
for fluorescence emission.

CONCLUSIONS
The intrinsic fluorescence intensity of the tryptophan 

residue of HSA decreased with an increase in temperature.  
This phenomenon could be used to estimate the local 
temperature of the visible light-irradiated HSA with a 
light absorber. In the presence of RH-110, the temperature 
can be estimated to rise by about 10 K in the following 
condition (468 nm, 4.0 mW cm-1, 10 min). The inactivation 
of tyrosinase by visible light irradiation with RH-110 was 
also evaluated. These results suggest that the intrinsic 
fluorescence intensity can be used to probe the local 
temperature of biological materials.
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INTRODUCTION
A nucleosome comprised of two H2A–H2B and H3–H4 

histone heterodimers covering 146 bp DNA is the minimum 
unit of the chromatin structure.1 The chromatin structure 
contributes to regulating gene expression and DNA repair 
by either restricting or facilitating protein access to genome 
DNA. Recent studies have revealed that nucleosomes are 
translocated by chromatin remodeling proteins to alter 
chromatin structure, and the dynamic change of chromatin 
is essential for maintaining genome functions. The 
translocation is mainly monitored by FRET, in which both 
DNA and histone are labeled with fluorescence dye, and 
several insights including translocation speed have been 
obtained.2 However, the method is only suitable for single 
nucleosomes and it is difficult to monitor genome-wide 
changes. MNase-Seq is an analytical approach in which 
chromatin is digested with micrococcus nuclease to obtain 
DNA fragments covered with nucleosome that are then 
analyzed using high-throughput sequencing. Although it 
is an effective method to locate nucleosomes, it requires 
tens of minutes to digest chromatin. Considering that 
translocating processes are generally completed within 
one minute,2 MNase-Seq is not practical to monitor the 
dynamic changes in chromatin, and a new method that can 
be used to locate nucleosomes within this short timeframe 
with high resolution is required.

5-Bromouracil (BrU) is a photoreactive analogue of 
thymine that does not significantly interfere with DNA–
protein interactions; thus, thymine can be replaced with 
BrU in conventional DNA replication systems, including 
PCR. UV irradiation facilitates electron transfer from 

aromatic moieties including aromatic amino acid residues 
and nucleotide bases to BrU and generates a reactive uracil 
radical, resulting in strand cleavage. The electron donor 
must be positioned within several angstroms of the BrU 
for electron transfer to occur; thus, BrU is an attractive 
probe with which to evaluate the interaction between 
DNA and DNA-binding molecules.3 Previously, we 
demonstrated that modification of pyrene as an electron 
donor enhanced the photosensitivity of the electron 
transfer and this phenomenon was used to locate DNA-
binding molecules after short photoirradiation.4 In the 
present work, we introduced a pyrene modification on 
the tail domain of histone and demonstrate the electron 
transfer from the modified histone to BrU-substituted 
DNA in the nucleosome. Electron transfer was facilitated 
by photoirradiation and led to DNA cleavage on either 
the entry or exit sites of the nucleosome, although the 
modification was deposited close to the nucleosome 
dyad in molecular dynamics (MD) simulation.5 These 
results suggest that the photoirradiation of nucleosome 
comprised of pyrene-modified histone and BrU-substituted 
DNA is an attractive technique that can be used not only 
to locate nucleosomes but also evaluate histone tail and 
DNA interactions.

MATERIALS AND METHODS
Preparation of H2A Mutants and Pyrene 
Modification

H124C or A126C histone H2A mutant expression 
plasmids were prepared with KOD-Plus-Mutagenesis 
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they are not capable of evaluating the dynamic translocation of the nucleosome in chromatin dynamics because of their 
limited time scale and resolution. In the present work, a rapid and high-resolution method for locating nucleosomes was 
developed that exploits photoirradiation of pyrene-modified histone and bromouracil-substituted DNA. Using the method, 
20 seconds of photoirradiation was sufficient to generate DNA cleavage on both the entry and exit sites of the nucleosome. 
The approach was thus used to analyze the interaction between DNA and the histone tail domain. The results show that the 
C terminal of histone H2A variant interacts with DNA at the entry or exit sites of the nucleosome, although the C terminal 
was located on the dyad part of the nucleosome in a molecular dynamics simulation.
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Kit (TOYOBO) from wild-type histone H2A expression 
plasmid by following the manufacturer’s protocol. 
Escherichia coli strain BL21(DE3) was transformed with 
the expression plasmid and disrupted by freeze and thaw. 
H2A variants were purified from the lysate using HiTrap 
SP ion exchange column (GE Healthcare). H3 and H4 
variants were also prepared using the same strategy.

H2A mutant (1 mM) and N-(1-pyrenyl) maleimide (10 
mM) were dissolved in reaction buffer (20 mM Tris-HCL 
(pH 7.5), 2 M guanidine chloride, 25% ethanol, and 25% 
acetone) and pyrene modification was performed at room 
temperature for 3 hours in the dark. The reaction mixture 
was freeze-dried and dissolved in water to precipitate 
N-(1-pyrenyl) maleimide. Subsequently, the supernatant 
was purified by HPLC with C18 reverse-phase column 
(NACALAI) to obtain pyrene-modified A126A. The 
molecular weight of the histone variants was measured 
with a MALDI-TOF MS, Microflex Reflectron-KS II 
system (BRUKER) with sinapic acid used as the matrix.

Nucleosome Reconstitution
Unfolded H2A and H2B (each 250 μM) were dialyzed 

against refolding buffer (20 mM HEPES–KOH (pH 7.5), 2 
M NaCl, and 5 mM DTT) for 12 hours at 4 ℃ to reconstitute 
the H2A–H2B heterodimer. The dialyzed sample was then 
purified with a Superdex 200 size-exclusion column (GE 
Healthcare). The H3–H4 heterotetramer was also prepared 
by the same scheme.

A DNA fragment that contained a 146 bp 601 sequence 
flanked with 130 bp extra sequences was prepared by PCR 
using Taq DNA polymerase.  In the PCR, dBrUTP was 
used instead of dTTP and one of the primers was labeled 
with Texas Red for following slab gel sequencing.

DNA (200 nM), H2A–H2B heterodimer (200 nM), and 
H3–H4 heterotetramer (200 nM) were mixed in refolding 
buffer and dialyzed against reconstitution buffer (20 mM 
HEPES–KOH (pH 7.5), and 1 mM DTT) for 12 hours at 
4 ℃. The reconstitution was confirmed by PAGE analysis 
in which 200 V constant voltage electrophoresis was 
performed for 60 min with 6% of native acryl amide gel. 
The reconstituted nucleosome and free DNA was observed 
by LAS-3000UVmini (FUJIFILM) with ethidium bromide 
staining.

Locating Nucleosome by Photoirradiation
The reconstituted nucleosome prepared above was 

irradiated with 365 nm UV for 0, 20, 40, or 60 sec on ice 
using ZUV-C30H (OMRON) with ZUV-H30M head unit. 
The irradicated sample subsequently treated with uracil 
DNA glycosylase (NEB) at 37 ℃ for 1 hour to remove 
uracil base. The sample was dissolved in gel loading 
buffer (15 mM EDTA·2Na and 99.5% formamide) and 
incubated at 90 ℃ for 5 min to cleave DNA at abasic sites.  
The cleavage sites were located with an SQ5500E slab gel 
sequencer (HITACHI).

RESULTS AND DISCUSSION
Pyrene Modification

Cysteine residues in proteins react selectively with 
N-(1-pyrenyl) maleimide. This reaction has been used to 
quantify cysteine residues in protein.6 Histone variants do 
not contain cysteine residues except for the H3 variant. 
Therefore, point mutation of cysteine for the histone variants 
enables us to achieve site-specific pyrene modification. 
We introduced the mutation on the tail domain of H2A to 
obtain an H2A–H124C or A126C mutant, expecting that 
photoirradiation against a nucleosome comprised of the 
pyrene-modified histone and BrU-substituted DNA would 
lead to cleavage at the center part of the nucleosome based 
on MD simulations, which suggested that the domain 
interacts with the nucleosome dyad.5 Pyrene modification 
for H2A mutants was monitored by HPLC. After 3 hours 
reaction, enhanced UV absorbance was observed close 
to the unmodified H2A peak (Fig 1a). MALDI-TOF MS 
analysis revealed that the reaction shifted the molecular 
weight of H2A by 297.36, which was identical to the 
molecular weight of N-(1-pyrenyl) maleimide (297.31; 
Fig 1b). Unmodified H2A was also detected in the TOF 
MS chart even though the sample was purified by HPLC. 
We did not perform further purification because the 
retention time of the unmodified and modified H2A were 
similar, making separation difficult, and the nonmodified 
H2A would not affect photoreaction in the following 
experiments. Pyrene modification did not proceed with 
wild-type H2A. These results suggest that single pyrene 
modification was successfully performed not at an amino 
group on the N-terminal but on the substituted cysteine 
residue.

Nucleosome Reconstitution and UV Irradiation
A nucleosome particle is comprised of two H2A-H2B 

dimers, one H3-H4 tetramer, and DNA. An H3-H4  
tetramer is deposited on DNA to form a tetrasome, 
subsequently two H2A-H2B dimers are inserted into the 
tetrasome with the help of histone chaperones in vivo. On 
the other hand, in vitro nucleosome reconstitution is 
achieved by removing cation from the mixture of H2A-
H2B dimer, H3-H4 tetramer, and DNA. In both cases, a 
nucleosome in which 146 bp DNA encloses histone 
octamer is prepared at last. The center part of the 
nucleosome is called a dyad because it is a symmetry 
axis of the nucleosome. Size-exclusion chromatography 
revealed that the pyrene modification on the H2A variant 
did not affect H2A–H2B heterodimer formation. 
Nucleosome reconstitution was performed in the  
presence of 200 nM H2A–H2B dimer and 200 nM  
H3–H4 tetramer to form 100 nM histone octamer.  
The inclusion of an excess amount of H3–H4 tetramer 
helped efficient nucleosome reconstitution. A single 
nucleosome was required in the subsequent  
photoirradiation experiment to evaluate nucleosome 
location. 
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However, the 400 bp DNA fragment was long enough 
to form a dinucleosome because nucleosome formation 
requires 146 bp sequences. We applied 0.5 equivalent 
histone octamer against DNA to inhibit dinucleosome 
formation, although the reconstitution yield would be 
less than half. A single-band shift was observed in native 
PAGE analysis, suggesting that the DNA fragment 
contained a single nucleosome on the 601 sequence in 
which the nucleosome formed preferentially.7 As we 
expected, the reconstitution ratio yields were less than 
half and free DNA was observed in the analysis. The 
yields were identical for native H2A, pyrene-modified 
H124C, and A126C, suggesting that the modification did 
not affect nucleosome reconstitution significantly (Fig 2).

It is known that BrU-substituted DNA is photosensitive 
and that 302 nm photoirradiation facilitates electron 
transfer from guanine to BrU on a specific sequence  
and generates a uracil radical.7 The uracil radical 
abstracts the C1’ hydrogen from 2’-deoxynucleotide 
to generate C1’ radical. The radical is oxidized to C1’ 
cation and the cation reacts with H2O to generate heat-
labile 2’-deoxyribonolactone involving the release 
of base moiety (Fig 3a). In the presence of an excess 

amount of hydrogen donor including protein, however, 
most of the uracil radicals are quenched to reduce DNA 
cleavage efficacy. To recover the efficacy, we treated 
the irradiated sample with Uracil DNA glycosylase to 
convert 2’-deoxyuridine generated from uracil radical to 
heat-labile abasic site so that DNA was cleaved at which 
electron transfer occurred (Fig 3b).8

First, we evaluated the background effect of 
photoirradiation against a control nucleosome comprised 
of native histone and BrU-substituted DNA. No DNA 
cleavage was observed in slab gel sequencing after 365 
nm photoirradiation (Fig 4). However, photoirradiation 
against the nucleosome comprised of pyrene-modified 
histone and BrU-substituted DNA generated two clear 
DNA cleavage sites (Fig 4). The yield of cleavage reached 
a plateau at shorter than 20-sec irradiation, confirming the 
high photosensitivity of pyrene. Although more than half 
of the DNA was not cleaved at the plateau, considering 
that the nucleosome reconstitution yields were less than 
half, most of the BrU-substituted DNA on nucleosome 
was cleaved by 20-sec photoirradiation. This timeframe 
is short enough to allow nucleosome translocation to be 
analyzed during chromatin dynamics.

Figure 1. (a) HPLC profiles representing N-(1-pyrenyl) maleimide, unmodified H2A–H124C mutant, the mutant mixed with pyrenyl 
maleimide, and the mixed sample reacted for 3 hours. Elution was performed with 0.1% TFA containing 5–48% acetonitrile at a flow 
rate of 3 mL/min at 40 ℃. (b) MALDI-TOF MS profiles. Left: the unmodified H2A–H124C mutant. Right: the pyrene-modified mutant.

Figure 2. Native PAGE analysis of nucleosome reconstitution. 
Lanes 1, 2, and 3 represent nucleosomes containing native 
H2A, pyrene-modified H124C, and pyrene-modified A126C, 
respectively.

Figure 3. (a) Reaction of uracil radical generated from BrU in the 
absence of hydrogen donor. (b) Reaction of uracil radical in the 
presence of protein as hydrogen donor. This case requires uracil 
DNA glycosylase (UDG) treatment to generate DNA cleavage.
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As a next step, we located the cleavage sites in 
the nucleosome. According to MD simulations,5 the 
tail domain of H2A, where pyrene modification was 
introduced, interacts with the dyad part of the nucleosome; 
therefore, we expected that DNA cleavage would occur at 
this site (Fig 5a, b). However, the DNA cleavage sites were 
found at the start and end sites of the 601 sequence in the 
presence of pyrene-modified H124C and A126C mutant, 
suggesting that electron transfer from pyrene occurred not 
at the dyad but at the entry and exit sites of the nucleosome 
(Fig 5c). These results mean that the tail domain of H2A 
interacts with the nucleosome entry and exit sites. Given 
that the histone tail domain is not represented in the crystal 
structure analysis due to its flexibility.1 the behavior of this 
domain remains elusive. Therefore, our novel method is 
attractive not only for locating nucleosomes, but also for 
analyzing histone tail domain behavior.

CONCLUSION
In the present work, we developed a novel method 

exploiting BrU substitution and pyrene modification to 
locate nucleosomes using photoirradiation. Site-specific 
pyrene modification was achieved by cysteine point 
mutation and reaction with N-(1-pyrenyl) maleimide. 
Photoirradiation against nucleosome comprised of 
BrU-substituted DNA and the pyrene-modified histone 
effectively generated DNA cleavage on the nucleosome 
entry and exit sites. The method can be used to locate 
nucleosomes within a short photoirradiation timeframe, 
which is sufficient to analyze dynamic nucleosome 
transition. Furthermore, the approach can be useful for 
analyzing interactions between the histone tail domain and 
DNA in a nucleosome.
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Figure 5. (a) Overview of the nucleosome prepared in the 
present study. Bold wave lines indicate the tail domain of H2A. 
(b) The expected electron transfer in which the tail domain 
interacts with the dyad part of the nucleosome. (c) The suggested 
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and exit sites of the nucleosome to generate DNA cleavage on 
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INTRODUCTION
Abnormal changes in intracellular viscosity and 

polarity are related many disease and malfunction. Thus, 
monitoring of intracellular viscosity and polarity by 
molecular probes may be applied to monitor cell status 
and to understand cellular function. Conventionally, there 
were various fluorescence probes for measurement of 
viscosity and polarity in the cells.1,2 However, fluorescence 
probes have some drawbacks such as photobleaching of 
the fluorophores and requirement of large molecules for 
easily viewable imaging. Therefore, to complement the 
missing part of fluorescence probes, another technology to 
visualize viscosity and polarity has been required. 

Raman spectroscopy has been well-documented as 
a potent technology for visualization of biomolecules 
in cells and tissues.3,4 This method has been utilized to 
identify specific vibrational signals of molecules and to 
provide a fingerprint for identification. Thus, measurement 
of Raman spectra is important for extended analysis of 
molecular behavior and their environment. Recently, 
various alkyne-tagged small probes have been applied 
to biological imaging of cellular organelles such as cell 
nuclei5 and mitochondria.6,7 Our group also reported that 
the hypoxic region in cells could be visualized using a 
nitroimidazole derivative.8 The small acetylene unit shows 
a typical Raman signal around 2100-2200 cm-1, at which 
inherent cellular background signals were negligible. 
Thus, acetylene-tagged compounds are expected to act as 
molecular probes for biological factors and environments. 

Herein, we found that the Raman spectra of acetylene-
tagged aromatic compounds in several solvents were 
able to use for monitoring of the local environments in 
biological systems. We employed 2-ethynyl anthraquinone 
derivatives as candidate molecules because of their strong 
signal around 2100-2200 cm-1 attributed to the aromatic 
acetylene. We prepared AQ-PhNH2 and AQ-Ph (Scheme 
1), and measured their Raman spectra. We found that 
both molecules showed typical signal around 2200 cm-1 
attributed to the acetylene unit. In addition, we confirmed 
that AQ-PhNH2 showed a solvent-dependent change of the 

signal. AQ-PhNH2 is expected to enable us to monitor the 
polarity or viscosity around the molecules in biological 
systems. 

MATERIALS AND METHODs
General Method. Reagents were purchased from Wako 
pure chemical industries, Tokyo chemical industries and 
Sigma Aldrich. AQ-Ph was synthesized by the methods 
reported previously.9 NMR spectra were recorded on 
JEOL JIN-ECX500 Ⅱ (1H:500 MHz,13C:125 MHz) 
spectrometer and chemical shifts were expressed in ppm 
downfield from tetramethylsilane, using residual protons 
in solvents as internal standards (dimethyl sulfoxide-d6 :δ 
= 2.50). UV-visible spectra were obtained at 200-700 nm 
using a JASCO V-630 UV/VIS spectrophotometer. Raman 
spectrum measurement was carried out on a RENISHAW 
in Via Raman Microscope. 

Synthesis of AQ-PhNH2. Copper (Ⅰ) iodide (18 mg, 94.7 
μmol) and tetrakis (triphenylphosphine) palladium (0) (131 
mg, 113 μmol) were added to a mixture of 4-ethynylaniline 
(384 mg), 2-bromoanthoraquinone (669 mg, 2.33 mmol) 
in triethylamine (3 mL, 22 mmol) and DMF (6 mL), and 
the resulting mixture was stirred at 90 ˚C for 30 min. After 
the reaction, the mixture was extracted with EtOAc and 
water, and the organic layer was dried over MgSO4 and 
concentrated at reduced pressure. The crude product was 
purified by silica gel column chromatography (hexane/
ethyl acetate = 1:1) to give AQ-PhNH2 (710mg, 94 %) as 
a red solid; MP. >300 ˚C; 1H NMR (DMSO-d6, 500 MHz) 
δ 8.23–8.20 (m, 2H), 8.19 (d, J = 8 Hz, 1H), 7.95–7.93 
(m, 2H), 7.92 (d, J = 1.5 Hz, 1H), 7.37–7.40 (m, 3H), 7.30 
(d, J = 8.5 Hz, 2H), 6.58 (d, J = 8.5 Hz, 2H), 5.76 (s, 2H); 
13C NMR (125 MHz, DMSO-d6) δ182.6, 182.2, 151.0, 
136,2 135.2, 135.0, 134.1, 133.8, 133.7, 133.5, 132.0, 
130.2, 129.2, 128.8, 127.8, 127.3, 114.2, 114.1, 97.7, 86.6 
FABMS (NBA) m/z 323 [(M + H)+]; HRMS calcd. for 
C22H13NO2 [(M + H)+] 323.0946, found 323.0944.

Raman spectra of acetylene-tagged anthraquinone derivatives in various 
solvents

Hiroki Makanai, Tatsuya Nishihara, and Kazuhito Tanabe*

Department of Chemistry and Biological Science, College of Science and Engineering, Aoyama Gakuin University,
5-10-1 Fuchinobe, Chuo-ku, Sagamihara, Kanagawa 252-5258, Japan

Abstract
We prepared aromatic acetylenes with anthraquinone units and measured their Raman spectra. We identified the robust 

signal of the acetylene unit at 2200 cm-1 upon excitation at 532 nm and noted a significant change in the Raman signal with 
changing viscosity and polarity of the solvents. Thus, we demonstrate a proof of concept that anthraquinone derivatives 
can be used as molecular probes for Raman imaging to visualize viscosity or polarity in living cells.
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Measurement of Raman Spectra of Anthraquinone 
Derivatives. Anthraquinone derivatives were solved in 
designated solvents and measured their Raman spectra 
(Ex. 532 nm).

Scheme 1. Reagents and conditions. (a) 4-ethynylaniline (for 
AQ-PhNH2) or ethynylbenzene (for AQ-Ph), Et3N, Pd(PPh3)4, 
CuI, DMF, 94% (for AQ-PhNH2) or 47% (for AQ-Ph).

RESULTS AND DISCUSSION
AQ-PhNH2 was prepared by coupling of 

bromoanthraquinone and ethynylaniline phenylacetylene 
(Scheme 1). Initially, we measured the Raman spectra 
of AQ-PhNH2 with 532 nm excitation under various 
conditions. As shown in Fig. 1A, AQ-PhNH2 in dioxane 
showed a strong signal at 2211 cm-1 arising from the 
acetylene group. By contrast, the changing the solvent 
from dioxane resulted in a significant change in Raman 
spectra. Solubilization in a polar solvent such as pyridine 
or DMF led to the appearance of a shoulder band at a lower 
wavenumber, and solubilization in DMSO resulted in the 
strongest signal at 2191 cm-1. We also measured the Raman 
spectra of AQ-PhNH2 in MeOH containing glycerol (Fig. 
1B). These two solvents show similar polarities, but their 
viscosities differ. The AQ-PhNH2 showed a signal typical 
of the acetylene unit in MeOH. It is striking that increasing 
viscosity with an increase in glycerol content resulted in 
an enhancement of the signal at 2191 cm-1. These results 
strongly indicate that the signal of the acetylene unit in 
AQ-PhNH2 was affected by the surrounding environment, 
and that the wavenumber of the acetylene unit can be an 
indicator for the polarity or viscosity. 

In a separate experiment, we prepared a control 
compound, AQ-Ph, and characterized its Raman spectra 
to confirm whether there was a relationship between 
chemical structure and function. The synthesis of AQ-Ph 
was conducted as described for AQ-PhNH2. As shown in 
Figure 2, a limited change of Raman band of its acetylene 
unit was observed in both polar solvents and glycerol-
containing solvents. Thus, the amino group on the phenyl 
ring in anthraquinone is responsible for the signal change 
in various solvents.

Further, we measured Raman spectra of AQ-PhNH2 
in D-MEM (Dulbecco's Modified Eagle Medium)-
containing solution in order to evaluate the function of 
probe under the conditions which mimicked the biological 
environments. As illustrated in Fig. 3, AQ-PhNH2 showed 
the formation of the signal at 2191cm-1 under the viscous 
media with DMEM, while AQ-PhNH2 in the non-viscous 
solvent with DMEM did not show the signal at 2191cm-1, 
suggesting that AQ-PhNH2 acts as molecular probe in the 
biological environments.

Figure 1. (A) Raman spectra of AQ-PhNH2 (1 mM) in dioxane 
(dark blue), pyridine (blue), DMF (green) and DMSO (red). 
(B) Raman spectra of AQ-PhNH2 (1 mM) in MeOH-glycerol 
(100% MeOH: dark blue, 90% MeOH: blue, 80% MeOH: light 
blue, 70% MeOH: green, 65% MeOH: light green, 55% MeOH: 
orange, 50% MeOH: red). (C) Plot of signal intensity against 
MeOH percentage (viscosity). The intensity was obtained from 
Figure 1B. 

Figure 2. (A) Raman spectra of AQ-Ph (1 mM) in dioxane (dark 
blue), pyridine (blue), DMF (green) and DMSO (red). (B) Raman 
spectra of AQ-Ph (1 mM) in MeOH-glycerol (100% MeOH: dark 
blue, 90% MeOH: blue, 80% MeOH: light blue, 70% MeOH: 
green, 55% MeOH: orange, 50% MeOH: red).

Figure 3. Raman spectra of AQ-PhNH2 (1 mM) in MeOH-
glycerol (50% Glycerol + 40% MeOH + 10% DMEM: red, 0% 
glycerol + 90% MeOH + 10% DMEM: black). 

CONCLUSION
We have synthesized anthraquinone derivatives bearing 

a phenylacetylene unit and measured their Raman spectra. 
The AQ-PhNH2 with aminophenyl group at the 2-position 
showed the expected strong signal of the acetylene group 
at 2211 cm-1, which shifted to 2191 cm-1 in high polar or 
viscous solvents. The control compound, AQ-Ph, showed 
a moderate signal shift even in these solvents; thus, the 
amino group is a key substituent for this signal change. 
The sensitive change observed in Raman signal provides 
a means of detecting the environmental changes in a 
biological system. 

The molecules prepared in this study are potent probes 
to monitor cellular viscosity and polarity. But, it is difficult 
to distinguish between changes in cell polarity and 
viscosity by the present probes. Preparing the improved 
probes which respond only to viscosity or polarity is in 
progress.
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